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a b s t r a c t
Bone is an amazing material evolved by nature to elegantly balance structural and metabolic needs in the
body. Bone health is an integral part of overall health, but our lack of understanding of the ultrastructure of
healthy bone precludes us from knowing how disease may impact nanoscale properties in this biological
material. Here, we show that quantitative assessments of a distribution of Type I collagen ﬁbril morphologies
can be made using atomic force microscopy (AFM). We demonstrate that normal bone contains a
distribution of collagen ﬁbril morphologies and that changes in this distribution can be directly related to
disease state. Speciﬁcally, by monitoring changes in the collagen ﬁbril distribution of sham-operated and
estrogen-depleted sheep, we have shown the ability to detect estrogen-deﬁciency-induced changes in Type I
collagen in bone. This discovery provides new insight into the ultrastructure of bone as a tissue and the role
of material structure in bone disease. The observation offers the possibility of a much-needed in vitro
procedure to complement the current methods used to diagnose osteoporosis and other bone disease.
© 2009 Elsevier Inc. All rights reserved.

Introduction
Bone is an exquisitely evolved biological material with a complex
hierarchical structure. At its most fundamental level, bone is a twophase composite composed of a relatively soft and ductile collagen
matrix which is impregnated with and surrounded by a much stiffer,
stronger reinforcing carbonated apatite phase. Despite the importance of bone health to overall health, there is a critical lack of
knowledge regarding the ultrastructure of bone and how mineral and
collagen, and their interaction with one another, relate to clinicallyrelevant tissue-level and structural-level properties [1,2]. Disease,
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nutrition, trauma and mechanical loads can impact bone at multiple
levels of the tissue hierarchy, including the tissue ultrastructure. It is
therefore imperative to develop quantitative methods to assess the
ultrastructure in bone and other tissues.
Type I collagen is the most abundant protein in the body and forms
the structural scaffolding upon which bone is built. The need for
accurate quantitative analytical methods to assess collagen's nanoscale morphology and mechanical integrity with as little disruption to
the tissue as possible has prompted us to study the collagen
ultrastructure of bone using atomic force microscopy (AFM). Other
methods successfully used to image the collagen ultrastructure of
bone (e.g. transmission and scanning electron microscopy [3,4])
require the removal of the sample from its natural surroundings
followed by harsh preparation techniques including full dehydration
and ultra-high vacuum, which may induce artifacts and ultimately
reduce one's ability to draw accurate conclusions from the data [5]. By
way of comparison, AFM is a less-destructive high-resolution imaging
modality which requires less sample preparation [6]. Samples imaged
using AFM can remain intact, implying that measured properties are
characteristics of the sample and less likely artifacts of the processing
or imaging. Other investigators have utilized AFM to image the
collagen matrix in mineralized dentin [5] and bone [7–9] yielding
high-resolution images. However, previous studies did not perform
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quantitative analyses of the bone ultrastructure to increase our
understanding of the tissue morphology at this fundamental level of
organization. We hypothesized that by using AFM, we could image
and quantitatively analyze the morphology of collagen ﬁbrils in fully
intact and mineralized bone to learn more about the normal nanoscale
properties of this material.
Although many diseases affect bone through changes in mineral
and the organic matrix, osteoporosis is the most common bone
disease and is a major medical and economic burden facing our
society. Each year, an estimated 1.5 million Americans suffer an
osteoporotic fracture resulting in direct-care expenditures of 18
billion dollars a year and often leading to a downward spiral in quality
of life or even death [10]. An estimated 10 million Americans over the
age of 50 have osteoporosis, and another 34 million are considered at
risk. On a more global scale, 75 million people in the US, Europe and
Japan combined have osteoporosis [11], and as many as 9 million
osteoporotic fractures were reported worldwide in the year 2000 [12].
A combination of the aging population coupled with a lack of
knowledge concerning the material mechanism of the disease and
less than ideal diagnostic tools means that the number of osteoporotic
hip fractures in the United States could triple by the year 2040 [10].
Clinically, osteoporosis is deﬁned as a person having a bone
mineral density (BMD) that is 2.5 standard deviations below the peak
bone mass of the average healthy person of the same gender, as
measured by dual-energy x-ray absorptiometry (DEXA) [13]. Although popular and widely used, DEXA has several limitations. Most
signiﬁcantly, standard DEXA uses a two-dimensional projection to
measure areal BMD (g/cm2) versus true volumetric BMD (g/cm3).
This two-dimensional measurement is therefore dependent on the
size and shape of the measured bone and can underestimate true BMD
[14]. Regardless of the method used to measure BMD, estimating
fracture risk based solely on BMD is not sufﬁcient. Normal BMD does
not guarantee protection from osteoporotic fracture, and many cases
of osteoporosis do not become clinically evident until fracture occurs
[14,15].
Current diagnostic methods for osteoporosis focus exclusively on
bone quantity and mineral content, disregarding the important role
that collagen plays in bone health. We therefore hypothesized that by
analyzing bone samples from sham-operated and estrogen-depleted
animals using the AFM methods developed to analyze the collagen
ﬁbril morphology of normal bone, we could distinguish between
healthy bone and bone from animals with a known disease state. This
important observation could have signiﬁcant implications to understanding disease mechanism, and could provide a complementary in
vitro diagnostic technique which may lead to earlier disease detection.
Materials and methods
Animals
Mice from the C3H/He background strain were used with prior
approval (University of Michigan, UCUCA protocol #8518). Five male
mice were sacriﬁced at 11 weeks of age by CO2 inhalation. The right
femur from each mouse was harvested and the proximal (above the
third trochanter) and distal ends were removed using a low-speed
sectioning saw (South Bay Technology, Model 650; San Clemente, CA)
with a diamond wafering blade (Mager Scientiﬁc) leaving approximately 7 mm of compact bone of the diaphysis. The marrow cavity of
each bone was cleaned using a small tube brush.
Five-year-old Columbia–Ramboulliet cross sheep were anesthetized and ovariectomized (OVX, n = 3) or subjected to a sham surgery
(n = 3) [Colorado State University, ACUC #03-010A-02]. After 2 years,
the ewes were sacriﬁced with an intravenous overdose of a
barbiturate, and 2 beams approximately 1.75 mm × 1.75 mm × 9 mm
were removed from the mid-diaphysis of the left radius as previously
described [16].

Atomic Force Microscopy (AFM) imaging and analysis
Bones were mounted to a steel disk using a thin layer of
cyanoacrylate glue (mouse bones were posterior-side down). A ﬂat
polished surface was created using a 3 μm polycrystalline water-based
diamond suspension and a 0.05 μm deagglomerated alumina suspension (Buehler LTD; Lake Bluff, Il). The bones were sonicated for 15 s to
remove polishing residue and debris. To remove extraﬁbrillar surface
mineral and expose underlying collagen ﬁbrils, each bone was
demineralized using 0.5 M EDTA at a pH of 8.0 for up to 45 min
(mouse bones only required 5 min of treatment), then vigorously
rinsed with ultrapure water and soaked at 4 °C for at least 16 h. EDTA is
often used in bone research to remove mineral while keeping collagen
and cells intact and viable [17,18]. This slow and “gentle” demineralization technique was used in the current study and allowed us to
maintain the integrity of the native collagen structure along with the
intraﬁbrillar mineral [19]. Before imaging, the sample was brieﬂy
sonicated to remove any surface bound mineral.
Samples were imaged in air using a PicoPlus 5500 AFM (Agilent,
formerly Molecular Imaging). Images were acquired in tapping mode
using a silicon cantilever with tip radius b10 nm (VistaProbes T300R,
force constant 40 N/m, resonance frequency 300 kHz, length 125 μm;
nanoScience Instruments; Phoenix, AZ) at line scan rates of 2 Hz or
lower at 512 lines per frame.
Making absolute x–y distance measurements with AFM has
multiple limitations. Prior to sampling, calibration of the system was
performed according manufacturer guidelines. A calibration grating
with a 10-μm period was imaged with the scan size set just under the
range of the piezo (80 μm scan size) at 512 pixels by 512 pixels. This
results in a pixel size of roughly 160 nm. To overcome limitations
imposed by pixel size, multiple consecutive periods were measured.
The measured period was deﬁned as the total measured length divided
by the number of periods. The calibration was adjusted until the
measured period was within 50 nm of the actual 10 μm period. This
calibration method results in a maximum error of 0.50%, which is less
than the 1% tolerance speciﬁed by the manufacturer. For the imaging of
collagen ﬁbrils, scan sizes were reduced to 3.5 μm at 512 × 512 pixels.
Because of the effective linearity of the piezo, error scales with the
reduction of scan size reducing the 50 nm tolerance to 2.2 nm.
Image analysis
Images were acquired from at least 3 axial locations in each sample.
At each location, 3.5 μm × 3.5 μm amplitude (error) images were
analyzed without leveling to investigate the D-periodic axial gap/
overlap spacing, chosen as our key metric of ﬁbril morphology. Ten
ﬁbrils from each axial location were analyzed (SPIP v4.8.2, Image
Metrology; Hørsholm, Denmark). Following image capture, a rectangular region of interest (ROI) was chosen along straight segments of
individual ﬁbrils (Fig. 1). The ROI was drawn to ensure that it started
and ended at the edge of a gap zone, a method which minimizes edge
effects that can degrade resolution. For each evaluated ﬁbril, a twodimensional Fast Fourier Transform (2D FFT) was performed and the
primary peak from the 2D power spectrum was analyzed to determine
the value of the D-periodic gap/overlap spacing. This process decouples
the measured D-Period repeat distance from both pixel size and ﬁbril
orientation. A detailed analysis of the uncertainty associated with this
type of measurement in ﬁbrils from the current study demonstrated
that using at least 9 D-period repeats sets the minimum bin size for
population studies at 0.8 nm (In preparation; B.E., J.W., C.L, B.O., M.M.
BH). For all histograms, the bin size was therefore set at 1 nm.
Statistical analysis
All statistical analyses utilized SPSS (Version 16.0, SPSS Inc.). For all
investigations, a value of p b 0.05 was considered signiﬁcant. To
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Fig. 1. Schematic of two-dimensional fast Fourier transform measurements in mineralized bone. Panel a shows a representative 3.5 μm × 3.5 μm amplitude (error) image
that was used to measure the collagen ﬁbril axial D-periodicity. The yellow box
represents a ﬁbril that was chosen for measurement. Panel b shows the corresponding
2D FFT from this ﬁbril. As indicated, the 2D spectrum contains information about the
harmonic characteristics of the ﬁbril. The circled peaks are the ﬁrst harmonic in the
spectrum. The maximum value in this peak corresponds to the axial repeat distance of
the ﬁbril (in this case, 68 nm).
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the anterior surface of the diaphysis, 3 axial locations were analyzed.
At each axial location, a 10 μm × 10 μm scan was performed to ﬁnd
suitable sites for closer inspection. Fig. 2 shows a representative 3D
rendering of a bone surface displaying bundles of well-oriented ﬁbrils
surrounded by less organized ﬁbrils in a woven conﬁguration. At least
10 ﬁbrils were chosen in each axial location, yielding at least 30
measurements from each bone. In total, 193 ﬁbrils were analyzed.
For each of the analyzed bones, the measurements within each
bone were pooled to yield the mean ﬁbril spacing for that bone. These
mean values ranged from 67.7 nm to 69.0 nm (Fig. 3a), with an overall
mean axial spacing for all 5 bones of 68.3 ± 2.4 nm. The median value
for all 193 measures of 68.2 nm was in good agreement with the
mean. The dashed horizontal lines in Figs. 3a and 4 are for reference
and correspond to the 67 nm axial spacing that is predicted by the
Hodge-Petruska model [20]. As noted in the materials and methods
section, the ability to measure absolute distances with AFM was
limited by the ∼2.2 nm tolerance set during the calibration of our
system. Therefore, it is not possible to state that there is an absolute
difference between the 68.3 nm mean in the mouse ﬁbrils and the
67 nm value predicted by Hodge and Petruska. The histogram of all
193 ﬁbrils shows that there is a distribution of spacings ranging from
63 nm to 74 nm (Fig. 3b).
Using a model of estrogen-depletion in sheep, it was hypothesized
that it would be possible to distinguish between normal bone and bone
from animals with a known disease state by monitoring changes in the
distribution of collagen ﬁbril morphologies. Samples from ovariectomized (OVX) and sham-operated sheep were processed as described
in the materials and methods section. It was found that the ﬁbrils from
the sham sheep were similar in terms of mean (68.0 ± 2.6 nm) and
distribution when statistically compared with mouse ﬁbrils (Fig. 4,
p = 1.00 for ANOVA, p = 0.319 for KS test). However, comparison of
sham samples (n = 6) to OVX samples (n = 5) showed striking
differences. The mean from the OVX samples was 65.9 ± 3.1 nm.
When the mean values from Sham and OVX samples were compared
by one-way ANOVA, there was a signiﬁcant effect of estrogendepletion on the ﬁbril spacing (p = 0.048). When the ﬁbrils in each
group are viewed in histogram form, there are different populations of
ﬁbrils within the 2 groups (Fig. 5). The bins which contain the main
population of ﬁbrils in each group were selected such that they contain
the mean of the sham ﬁbrils ± 1 standard deviation (65 nm to 71 nm).
The sham bones had a population of ﬁbrils (11.5% of total ﬁbril

investigate differences in ﬁbril morphology between species and due
to estrogen deﬁciency, D-periodic axial spacing values measured from
an individual sample were pooled, yielding an average value for that
sample. The values from mice (n = 5), sham sheep (n = 6) and OVX
sheep (n = 5) were then compared using one-way ANOVA with post
hoc Bonferroni tests.
To examine differences in the distribution of ﬁbril morphology
between sham and OVX groups, the Cumulative Distribution Function
(CDF) of each group was computed. The CDF shows what fraction of a
given sample is contained up to a particular value, easily demonstrating differences between distributions in both mean and standard
deviation. In Fig. 5b, Cumulative Group Total (%) is used on the y-axis
to make it clear that the CDF is a percentage within each group up to
each spacing value. To test for statistical signiﬁcance between
distributions, Kolmogorov–Smirnov (K–S) tests were then applied
to the data. This test is sensitive to changes in both the mean value and
standard deviation of a distribution.
Results
To quantitatively assess the axial gap/overlap spacing in murine
cortical bone as a baseline, femora from 11 -week-old male mice of the
C3H/He background strain were used. In the intracortical bone along

Fig. 2. Three-dimensional rendering of an intracortical region in the murine femur. To
produce this ﬁgure, a phase image was used as a texture overlay on the corresponding
topography (height) image to produce a rendering of the surface. In this representative
3.5 μm × 3.5 μm image (150 nm height), the rich sample topography characteristic of
bone is evident. A bundle of collagen ﬁbrils is seen spanning the surface immediately
adjacent to disorganized, woven collagen.
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Fig. 3. Axial D-periodic gap/overlap spacings from murine femora. Panel a shows the
boxplot representation of the axial gap/overlap spacing from each of the 5 femurs
measured, as well as from all ﬁbrils combined. The dashed horizontal line indicates the
expected 67 nm repeat distance. For each sample, the box is the interquartile region
(middle 50% of the data), the horizontal line inside of the box is the median, and the
diamond is the mean. The whiskers on the box are the minimum and maximum
observation in each group. When the axial gap/overlap spacings from all 193 ﬁbrils are
viewed as a histogram with a 1 nm bin size in panel b, there is a population of ﬁbrils
near the theoretical 67 nm value. However, the spacing of the ﬁbrils has a distribution
ranging from near 63 nm to 74 nm. This type of distribution is often overlooked, but
may have important implications to the development of the anisotropic mechanical
behavior of the bone tissue.

Fig. 5. Axial D-periodic gap/overlap spacings from ovine radii. Panel a shows the
histogram representation of the axial gap/overlap spacing from sham operated sheep
and ovariectomized (OVX) sheep. When the axial gap/overlap spacings from all ﬁbrils
are viewed as histograms with a 1 nm bin size, there is a population of ﬁbril spacings in
the OVX sheep at 64 nm or below that is almost completely absent from the Sham
sheep. Panel b displays the Cumulative Density Function (CDF) calculated from each
population. The CDF shows what fraction of a given sample is contained up to a
particular value. A Kolmogorov–Smirnov (K–S) test performed on the two groups
indicates that there is a signiﬁcant difference in the population distributions of the two
groups (p b 0.001).

measured) with spacings of 72 nm or greater which was almost
completely absent from the OVX group (1.8%). Similarly, the OVX
bones had a population of ﬁbrils with spacings of 64 nm or less (28.0%)
which was less prominent in the sham bones (7.1%). When compared
using a K-S test, the CDFs from the groups was signiﬁcantly different
(p b 0.001) indicating a signiﬁcant difference in the population
distributions of the groups (Fig. 5b).
Discussion

Fig. 4. Axial D-periodic gap/overlap spacings from murine femora and ovine radii. This
ﬁgure shows the boxplot representation of the axial gap/overlap spacing from mouse,
sham operated sheep and ovariectomized (OVX) sheep. The dashed horizontal line
indicates the theoretical 67 nm repeat distance. When the sham samples were compared
to OVX by one-way ANOVA, there was a signiﬁcant difference present (p = 0.048).

Our data indicate that as opposed to a single value, normal bone
contains a distribution of collagen ﬁbril D-periodic axial gap/overlap
spacings. This measure captures many aspects of the ﬁbril hierarchy
and can be related to the state of the individual triple helices, posttranslational modiﬁcations and cross-linking. By monitoring this
distribution in normal bone and bone from estrogen-depleted
animals, we have demonstrated the ability to detect disease-induced
differences in the Type I collagen ultrastructure of bone.
In this study, 2D FFTs were used to determine the value of the Dperiodic gap/overlap spacing (Fig. 1). At least one other study has
used analysis by FFT to derive spacing data from AFM images of
collagen [5]. This previous study relied on the 1D FFT, a method which
allows the user to determine the power spectrum of the wavelength
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component along a single line in an image. This method is dependent
on the angular orientation of a line that is drawn on the collagen ﬁbril
by the user and can lead to errors in the measured spacing values.
From our calculation, as little as a 5° deviation in the line that is drawn
from the normal direction of the ﬁbril spacing can alter the measured
spacing by as much as 5% to 10%, depending on the measured length of
the ﬁbril. A 10% error on a measurement of a 67-nm ﬁbril means that
the spacing value could range from 60-74 nm, making it impossible to
detect the type of changes in ﬁbril morphology seen and discussed
below. The combination of more accurate measures and the
assessment of variability associated with those measures provide us
with conﬁdence that the values we obtain are true characteristics of
the tissues being measured.
To quantitatively assess the Type I collagen morphology in murine
compact bone as a baseline, femora from 11 -week-old male mice
from the C3H/He background strain were used. The use of a speciﬁc
age, gender and background strain of mouse guarantees that the
known inﬂuence of these properties on skeletal structure and function
were avoided [21–24]. Further, by investigating multiple axial
locations along the length of one type of bone, the effect of variations
within and between bones was reduced. Fig. 2 shows a representative
3D rendering of a bone surface displaying bundles of well-oriented
ﬁbrils surrounded by less organized ﬁbrils in a woven conﬁguration.
Using 2D FFT analyses, we found a distribution of spacings in
normal murine bone ranging from 63 nm to 74 nm (Fig. 3). Although
the most commonly accepted value for this D-periodic spacing is
67 nm (as predicted by Hodge and Petruska [20]), this value is based
on a theoretical model of a single collagen ﬁbril in isolation. As
mentioned above, the ability to accurately measure absolute distances
using AFM is intrinsically limited by the calibration process. The error
associated with these absolute measurements therefore reduces our
ability to make a comparison of the absolute mean to the expected
67 nm value, as the difference between these values is within the
error of the technique. However, the strength of this study is that a
distribution of spacing values was present in normal tissue. This range
of values is a real observation and is not impacted by the absolute
error. The concept of a distribution is often overlooked in measurements of collagen, and the mean value is reported without
explanation. For example, a study in dentin showed a distribution in
ﬁbril spacings, but reported that there was a “relatively narrow
distribution” in the measurements around 67 nm [5]. We hypothesize
that although the mean value of the D-periodic spacing in a
mineralized ﬁbril is important, the distribution itself may have even
greater signiﬁcance. This distribution of ﬁbril morphologies is found in
wild type bone meaning that it is a fundamental property of normal
tissue. The inﬂuences that a distribution of collagen morphologies
(versus a single value) could have on the mechanical properties of the
tissue are profound. Bone is a heterogeneous tissue with anisotropic
mechanical properties. Given that a whole bone is typically under a
complex loading state including tension, compression and shear, it is
imperative that the structure as a whole be mechanically competent
in multiple directions. The material itself is much more specialized,
and the anisotropic tissue properties that contribute to overall
mechanical competence begin at the most fundamental levels of the
tissue hierarchy [25]. It is likely that the distribution of ﬁbril
morphologies measured here is partially responsible.
Alterations in the distribution of ﬁbril morphology in cases of
disease may indicate ﬂaws in the collagen ﬁbrils from misalignment
or over-modiﬁcation of the individual collagen molecules within the
ﬁbrils, changes that could be compensated for over larger length
scales. Using a model of estrogen-depletion in sheep, it was
hypothesized that it would be possible to distinguish between normal
bone and bone from animals with a known disease state by
monitoring changes in this distribution. The ﬁbrils from the sham
sheep were similar in terms of mean and distribution compared with
the normal mouse ﬁbrils (Fig. 4), verifying the utility of this method in
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different species. However, a comparison of sham sheep to OVX sheep
showed striking differences both in terms of overall mean as well as in
distribution (Figs. 4 and 5). This ability to measure ﬁbril morphology
and to distinguish between normal and diseased bone not only
provides a powerful method to study the mechanism of disease at the
nanoscale, but it also has important implications to the future
diagnosis of disease in bone, and perhaps other collagenous tissues
(e.g. dentin, tendon, skin, ligament). The current gold-standard for
diagnosis of osteoporosis focuses exclusively on BMD, as measured
from a 2D DEXA projection, and is therefore dependent on bone size
and shape. Further, using BMD to diagnose osteoporosis is problematic, as normal BMD does not guarantee protection from fracture and
many osteoporosis cases do not become clinically evident until
fracture occurs [14,15]. The current study shows that measuring
properties of the organic matrix may provide powerful complementary information to BMD, as changes in collagen may become apparent
earlier in the progression of the disease. Although this method would
currently require a biopsy, something that is a standard practice for the
diagnosis of many bone diseases, the beneﬁt of earlier diagnosis and
treatment may outweigh the risk. Future work will be aimed at
investigating changes in Type I Collagen morphology in cortical and
trabecular locations from normal and osteoporotic human patients.
Although AFM requires less sample preparation than other high
resolution imaging modalities [6], there is still the possibility of
artifacts for sample preparation and imaging. Samples in the current
study were imaged in air meaning that contraction of ﬁbrils could
occur from dehydration. However, most examples of contraction were
observed using electron microscopy which fully dehydrates the tissue
and requires ultra-high vacuum. In our experience imaging bone,
dentin and tendon from multiple species and from normal and
diseased animals, contraction of ﬁbril spacing or the appearance of
new ﬁbril populations due to dehydration has never been observed
(Wallace et al., Submitted). The collagen in bone is impregnated with
and surrounded by mineral which must be removed. After 30 min of
continuous treatment with 10% citric acid, intraﬁbrillar mineral is
protected from demineralization [19]. Further, treatment with EDTA
removes extraﬁbrillar mineral while leaving the underlying collagen
intact [9]. EDTA can remove mineral while keeping cells and collagen
intact and viable [18]. Our mouse bones were only treated for ∼ 5 min
with EDTA while the sheep bones required up to 45 min. There were
no differences in either mean spacing value or in the distribution of
ﬁbril morphologies between the mouse bones and the sham sheep
bones. Further the comparison between bone, dentin (also mineralized) and tail tendon (not mineralized and, therefore, not treated with
EDTA) showed no differences in mean ﬁbril spacing (Wallace et al.,
Submitted). This comparison between samples which required
sonication (bones and teeth) and samples which did not (tendons)
further indicates that the effects of sonication were minimal. All
samples in the current study were imaged under identical conditions
and we are interested only in relative differences between groups.
Therefore the differences seen here are likely true disease-induced
changes in Type I collagen morphology.
In conclusion, the current study demonstrates the ability to utilize
AFM imaging to make quantitative assessments of the distribution of
collagen ﬁbril morphologies in bone. It is clearly shown that normal
bone contains a distribution of collagen ﬁbril morphologies and that
changes in this distribution can be directly related to disease state.
Osteoporosis is a signiﬁcant medical and economic burden facing our
society and is projected to worsen with the aging population.
Although more research on the causes of this disease is important,
early diagnosis and treatment is imperative. Monitoring changes in
the ﬁbril morphology distribution as a function of disease not only
increases our fundamental understanding of bone as a material, but
also provides important insight into disease progression and offers the
possibility of a much-needed in vitro procedure to complement the
use of BMD for disease diagnosis.
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